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INTRODUCTION

Microbial communities play a critical role in the cy-
cling of dissolved organic carbon (DOC) (Azam 1998),
which is one of the largest active organic carbon reser-
voirs on earth (Hedges 1992). Up to 50% of the high
molecular weight (HMW) fraction of DOC consists of
polysaccharides (Benner et al. 1992). Phytoplankton
are likely a major source of these polysaccharides: cul-

ture studies have shown that on average, carbohy-
drates constituted 66% of HMW DOC freshly pro-
duced by phytoplankton (Biersmith & Benner 1998).
Much of the DOC newly produced by phytoplankton is
rapidly remineralized by bacteria (Norrman et al.
1995), but mesocosm experiments have also shown
that 25 to 35% of this newly produced DOC resists mi-
crobial remineralization on timescales of at least 2.5 yr
(Fry et al. 1996). In addition, an average DOC radiocar-
bon age of 6000 yr demonstrates that some fraction of
DOC is resistant to microbial remineralization on
timescales of ocean mixing (Williams & Druffel 1987). 
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ABSTRACT: The microbial remineralization of high molecular weight dissolved organic carbon
(DOC) begins with extracellular enzymatic hydrolysis, since macromolecules must be hydrolyzed to
produce substrates sufficiently small to cross microbial membranes. In order to investigate substrate
and size-class related patterns in extracellular enzymatic activity in the water column, potential
hydrolysis rates of 4 polysaccharides (xylan, laminarin, pullulan, and fucoidan) were measured at
stations in the Delaware River, Bay, and shelf. Potential hydrolysis rates of xylan and laminarin var-
ied by station and season, but xylan hydrolysis rates typically exceeded those of laminarin by factors
of 2 to 10. In contrast, pullulan and fucoidan hydrolysis rates were (with a single exception for
fucoidan) essentially zero for all seasons and stations. Size fractionation experiments showed that
most xylan- and laminarin-hydrolyzing activity was associated with the >0.45 µm size fraction. The
contribution of free dissolved enzymes (the <0.2 µm fraction), however, was at times substantial. In
September, when potential activities of both enzymes were at a maximum, the free-enzyme fraction
contributed 48 to 69% of the xylan-hydrolyzing activity at the freshwater and midbay stations, and
nearly 100% of the laminarin-hydrolyzing activity at the midbay and plume stations. These spatial
and temporal variations in the contributions of free enzymes to laminarin and xylan hydrolysis may
help to explain the  decoupling of measurements of specific enzyme activities from large-scale mea-
surements of total microbial populations. The contrasting behaviors of laminarin, xylan, pullulan, and
fucoidan, all of which are soluble polysaccharides, suggest that certain types of polysaccharides may
resist hydrolysis by planktonic microbial extracellular enzymes and, therefore, are relatively unavail-
able as substrates to the planktonic community.
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Little is known about the factors that distinguish
fractions of phytoplankton-produced DOC which are
rapidly remineralized by bacteria from those which are
not. The structure of HMW DOC is likely to be impor-
tant because microbial remineralization of HMW DOC
begins with extracellular enzymatic hydrolysis. Mole-
cules greater than 650 Da are too large to pass through
the outer membrane of bacteria (Decad & Nikaido
1976), and must be enzymatically hydrolyzed outside
the cell. The structural specificities of these extracellu-
lar enzymes, as well as the rates at which they operate,
therefore critically affect the rates and means by which
DOC is cycled. 

Extracellular enzyme activity in aquatic systems is
typically assessed by means of low molecular weight
(LMW) substrate analogs such as methylumbelliferyl
(MUF)- α-glucose and MUF-β-glucose (e.g. Hoppe
1983, Smith et al. 1992, Martinez et al. 1996). Hydrol-
ysis is measured as an increase in fluorescence upon
cleavage of the MUF-monosaccharide bond. While
simple to use, these substrate analogs cannot fully
represent either the compositional complexity or the
3-dimensional structure of polysaccharides in solu-
tion. Furthermore, LMW substrate analogs can be
hydrolyzed in the periplasm, and therefore measure
some combination of extracellular + periplasmic en-
zyme activities (Martinez & Azam 1993) while HMW
substrates must be hydrolyzed prior to transport into
the periplasm. In addition, polysaccharide-hydrolyz-
ing enzymes typically contain distinct domains for
substrate binding and cleavage (Warren 1996); sub-
strates or substrate proxies which do not match these
structural features are not likely to be hydrolyzed by
the extracellular enzymes which contain these
domains.

In this study, we apply a recently developed method
using fluorescently labeled (FLA) polysaccharides
(Arnosti 1995, 1996) to assess enzyme activities and to
compare directly the potential hydrolysis rates of 4
structurally distinct polysaccharides in the water col-
umn. The 4 polysaccharides — pullulan, laminarin,
xylan, and fucoidan — vary in monomer composition,
anomeric linkage and linkage position, as well as mol-
ecular weight. Because polysaccharide-hydrolyzing
enzymes typically are sensitive to these structural fea-
tures (e.g. Antranikian 1992), distinctly different
enzymes would be required to hydrolyze these sub-
strates. These polysaccharides were chosen because
all are present in marine phytoplankton, and/or activi-
ties of the enzymes that hydrolyze these polysaccha-
rides have been demonstrated in marine bacteria.
Laminarin is a storage polysaccharide produced by
bacillariophytes and phaeophytes, while fucoidan is a
storage polysaccharide produced by Fucus sp. and
other phaeophytes (Bold 1985). Xylan is produced by

vascular plants, including marsh plants, and by some
rhodophytes and chlorophytes (Bold 1985). Laminarin-
and pullulan-hydrolyzing enzyme activity has been
detected in cultures of marine bacteria (Brown et al.
1990, Davis 1992, Arnosti et al. 1994), as well as in
marine sediments (Wainwright 1981, Arnosti 1996,
1998). Xylanase activity has also been measured in
both marine (Boschker et al. 1995, Arnosti 1998) and
freshwater (Chappell & Goulder 1995) sediments. 

The component monomers of these polysaccha-
rides — glucose, xylose, and fucose — are all common
constituents of HMW DOC (Aluwihare et al. 1997,
Biersmith & Benner 1998). Two of the very few studies
on the chemical structures of dissolved carbohydrates
in seawater report isolation of a HMW glucose poly-
saccharide with 1,4 and 1,6 linkages (a description
which fits pullulan) from the North Pacific, as well as
laminaribiose and laminaritriose (LMW oligomers of
laminarin) from Mikawa Bay, Japan (Sakugawa &
Handa 1985, Sakugawa et al. 1985). Based on avail-
able information, therefore, the polysaccharides we
selected should be reasonable representatives of some
of the HMW polysaccharides available as substrates to
the planktonic microbial community.

We also sought to assess the contributions of free
enzymes to substrate hydrolysis, and to investigate the
size-classes with which specific types of enzyme activ-
ity are associated. The extracellular enzymes which
hydrolyze organic macromolecules may be attached to
surfaces or free in solution. Enzyme production can be
induced in response to specific environmental cues.
Some bacteria are known to release enzymes into solu-
tion as a function of growth phase or substrate concen-
tration (Antranikian et al. 1987). Free enzymes may
also be present in solution due to viral lysis (Karner &
Rassoulzadegan 1995) or the effects of zooplankton
grazing (Bochdansky et al. 1995). Potential hydrolysis
rates of the 4 polysaccharides were measured in size-
fractionated water samples. Samples were collected at
3 different time periods from the Delaware River, Bay,
and coastal Atlantic Ocean to determine whether the
effects of polysaccharide structure and enzyme activity
among size classes vary at different times of year.

MATERIALS AND METHODS

Study site. Delaware Bay has been the site of many
investigations of microbial activity and water chem-
istry (Sharp et al. 1982, Sharp et al. 1986, Kirchman &
Hoch 1988, Hoch & Kirchman 1993). The bay is gener-
ally vertically well mixed and has a flushing time of 80
to 100 d (Ketchum 1952). DOC values in the river range
from ca 360 µM at the freshwater stations to ca 100 µM
at the bay mouth and plume, show conservative
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behavior between the freshwater stations and the bay
mouth, and are relatively constant year-round (Sharp
et al. 1982). We sampled 3 to 4 stations on 3 different
cruises (Fig. 1, Table 1). Stns 2 (sampled in June and
September) and 14 (sampled in January) are referred
to as the freshwater stations. Stn 24, the midbay sta-
tion, in the middle of the lower estuary, is the site of the
chlorophyll maximum during spring blooms (Kirchman
& Hoch 1988). Stns P1 (sampled in June and Septem-
ber) and 28 (sampled in January) are located along the
southern coast, and are referred to as the plume. Stn 58
is located just past the shelf break, at 38°05’ N,
73° 36’ W, with a water depth of 2000 m.

Substrate synthesis. The polysaccharides used in
this study, pullulan (α[1,6]-linked maltotriose, molecu-
lar weight [MW] ca 200 kDa), laminarin (β[1,3]-linked
glucose, MW ca 6 kDa), xylan (β[1,4]-linked xylose,
MW ca 8 kDa), and fucoidan (sulfated α[1,4]-linked
fucose, MW ca 30 to 50 kDa), were obtained from

Sigma (St. Louis, MO, USA). Fluorescently
labeled polysaccharides were prepared by adapt-
ing the method of Glabe et al. (1983), as described
in detail in Arnosti (1996). 

Sample collection and incubation. Samples
were collected from freshwater, midbay, and
plume stations in June 1997 (2 mo after the peak
of the spring bloom), September 1997, and Janu-
ary 1998. Surface seawater from the shelf break
station was also obtained in January 1998. Water
samples were collected in 10 l Niskin bottles from
ca 2 m depth and transferred aboard the ship into
a glass bottle, or pumped directly into a glass bot-
tle. Shelf break water was pumped from 10 m
depth. All glassware was cleaned, washed with
distilled water prior to sampling, and rinsed 3
times with newly collected seawater. During the
June 1997 cruise, the water samples for the mid-
bay xylan incubations were taken on 2 consecu-
tive days. Pullulan and fucoidan hydrolysis mea-
surements were not performed at the freshwater
and plume stations during the September 1997
and January 1998 cruises.

For each series of experiments, triplicate 17 ml
portions were dispensed into 20 ml glass scintilla-
tion vials to measure total activity in unfraction-
ated water. A set of filtration experiments was
also conducted in order to determine the size
fractions with which enzymatic activity was asso-
ciated. Water for the filtration experiments during
the June 1997 cruise was transferred to 60 ml dis-
posable syringes and filtered through 0.45 µm
pore-size sterile surfactant free cellulose acetate
(SFCA) filters. Seventeen ml portions of this
water were dispensed in a series of replicate
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Station SST (°C) S (PSU) Fluorescence
(TU)

Jun 1997
Freshwater (2) 20.00 0.1 15850
Midbay (24) 18.40 20.30 782
Plume (P1) 15.40 31.10 500

Sep 1997
Freshwater (2) 21.80 0.1 581
Midbay (24) 23.10 24.20 14660
Plume (P1) 22.40 31.00 249

Jan 1998
Freshwater (14) 6.7 0.1 592
Midbay (24) 5.9 22.20 13520
Plume (28) 7.2 30.00 nd
Shelf (58) 15.40 35.50 214

Table 1. Temperature (SST), salinity (S), and fluorescence
(TU: Turner units) at Delaware River, Bay, plume, and shelf 

stations sampled in thisstudy. nd = not determined

Fig. 1. Location of river/bay sampling stations (2, 14, 24, 28, 58, P1)
in Delaware Bay (adapted from Cifuentes et al. 1988). The plume
station (Stn P1) is located ca 10 miles south of the bay mouth, 3
miles offshore. The shelf break station (Stn 58) is ca 75 miles from 

the bay mouth, at38o05’ N, 73o36’ W. Note: 1 mile = 1.609 km



Aquat Microb Ecol 24: 243–253, 2001

vials. The remainder of the filtered water was then fil-
tered through a 0.2 µm pore-size sterile SFCA filter
and dispensed into vials (note that fractionation exper-
iments were not carried out for xylan at the freshwater
and plume stations in June). For the September and
January cruises, water was first filtered through a com-
busted GF/F filter (Whatman, 0.7 µm nominal pore-
size) at low pressure (ca 12 cm Hg vac.) using a Nal-
gene hand pump, then serially through the 0.45 and
0.2 µm pore-size filters. 

The relative contributions of the 0.45 to 0.2 µm frac-
tion and the <0.2 µm size fraction to total enzymatic
activity were determined by comparing hydrolysis
rates of these size fractions to those measured in the
unfiltered water samples. Activity in the 0.45 to
0.2 µm fraction was calculated by subtracting the
activity measured in the (operationally defined) free
enzyme fraction (<0.2 µm). Relative activities of the
0.45 to 0.2 µm and the free enzyme fractions were
then calculated as fractions of the total activity, as
measured in the unfractionated water samples. In 3
instances where calculated hydrolysis rates for the
<0.2 µm fraction were apparently higher than for the
0.45 to 0.2 µm fraction, the mean rates for each size
class were not statistically different (Student’s t-test,
p > 0.05).

Each substrate was added to 3 replicate vials to yield
a 12 µM monomer-equivalent solution, so that com-
plete hydrolysis of each polymer would yield 12 µM
monosaccharides. This approach was chosen in order
to be able to compare hydrolysis rates in a manner
independent of the rate calculation model: if all sub-
strates were hydrolyzed on the same relative time
scales, each would be reduced to the monomer size
class at the same time point. Because of initial concerns
about detection limits due to low substrate fluores-
cence, however, fucoidan was added at a concentra-
tion of 130 µM monomer-equivalent for the June and
September 1997 collections. 

After substrate addition, vials were capped, shaken,
and stored in the dark at in situ temperatures for the
duration of the study. For subsample collection, 0.7 ml
of sample was filtered through a 0.2 µm pore-size
nonsterile filter (SFCA) and immediately frozen until
analysis. Time zero subsamples were taken immedi-
ately following completion of substrate addition for all
samples at a given station. Further subsamples were
taken every 1 to 2 d for 10 d, and then at weekly inter-
vals for up to 50 d. Rates reported here are based on 6 d
incubations.

Sample analysis and potential hydrolysis rate cal-
culations. Size exclusion chromatography was per-
formed using a Sephadex G-50 column (39 × 1 cm).
Mobile phase (100 mM NaCl, 50 mM NaH2PO4/
Na2HPO4, pH 8.0) was pumped at 1.0 ml min–1 (Shi-

madzu LC-10AT pump, SCL-10A system controller,
SIL-10A autoinjector), and the sample injection volume
was 100 µl. Column outflow passed through a Hitachi
L-7480 fluorescence detector (excitation: 490 nm,
emission: 530 nm). Data were recorded on a Gateway
2000 PC, using Shimadzu Class-VP software. Methods
for column characterization and the calculation of
potential hydrolysis rates are described in detail in
Arnosti (1996, 2000). Potential hydrolysis rates are
reported here as nM monomer h–1. It should be noted
that the rates reported here must be considered poten-
tial hydrolysis rates, since added substrate competes
with naturally occurring substrates of unknown con-
centration for enzyme active sites.

Reproducibility of MW distributions from elution
profiles of replicate injections of standards and sam-
ples was within ca 1%, when repeated injections were
made within 24 h. Elution profiles for subsamples rean-
alyzed after 1 yr of storage at –4°C showed some evi-
dence of loss of fluorescent tag from polymers, and a
concurrent increase in free tag-size products. For all
samples reported in this study, time zero and 6 d sub-
samples were analyzed within 1 wk of each other. Elu-
tion profiles showed that hydrolysis of xylan and lami-
narin first produced intermediate molecular weight
products, then generated LMW products (Fig. 2).
Where elution profiles of subsamples did not show that
molecular weights had decreased compared to time
zero profiles, rates are reported as zero.

Blanks and controls. Controls were made by addi-
tion of 34 µl mercuric chloride solution (6.25% w/v) to
a 17 ml water sample several minutes before substrate
addition. In order to check for background fluores-
cence, blanks (no substrates added) were included for
each filtration treatment at each station. Controls and
blanks were incubated and subsampled as described
above. Background fluorescence of blanks was zero 
at excitation and emission wavelengths of 490 and
530 nm respectively. Control treatments indicated that
no abiotic processes contributed to substrate hydroly-
sis in the time frame reported here. Some free tag-size
products were generated, but without the production
of intermediate weight products (data not shown),
which is characteristic of the activity encountered with
these substrates (Fig. 2). Hydrolysis rates for control
treatments have not been subtracted from sample
rates.

RESULTS 

The most striking result was that xylan and lami-
narin were rapidly hydrolyzed, while pullulan and
fucoidan remained essentially unhydrolyzed during
the 6 d incubation (Fig. 2). This pattern was consistent
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even for samples monitored over longer
time periods. While elution profiles from 2,
4, and 6 d incubations of xylan and lami-
narin demonstrated progressive produc-
tion of intermediate and LMW products,
the situation was completely different for
pullulan. There were no significant
changes in pullulan elution profiles even
when monitored for 50 d after substrate
addition. Pullulan elution profiles indi-
cated slight generation of free tag, without
production of intermediate molecular
weight products. The chromatogram from
the June midbay station (Fig. 2) is repre-
sentative of the low rise centered at 55 min
corresponding to free tag elution. Previous
studies of pullulan hydrolysis in enrich-
ment cultures and in sediments have
demonstrated production of intermediate
weight polymers which are progressively
hydrolyzed to lower molecular weights
(Arnosti et al. 1994, Arnosti 1995, 1998).
Loss of fluorescent tags from pullulan is
not likely to be due to the enzymes
responsible for polymer cleavage, as the
structure of the isourea linkage between
the FLA tag and the carbohydrate is sig-
nificantly different from the glycosidic bond between
carbohydrates. Because of the fundamental differ-
ences between elution profile changes observed in this
study and those seen previously, enzymatic hydrolysis
of pullulan is most probably absent in the samples
reported here. Similarly, the elution profiles for all
samples of fucoidan changed very little over the 6 d
time course of incubation (Fig. 2). Over longer time
periods, elution profiles from fucoidan-amended sam-
ples also indicated minimal hydrolysis of substrate,
with one exception. A single replicate from the midbay
station in September showed significant hydrolysis
after 16 d of incubation, and nearly complete hydroly-
sis by 30 d (data not shown). Because of the absence of
observable changes in pullulan and fucoidan elution
profiles during the 6 d incubations, temporal, spatial,
and size class comparisons will focus on laminarin and
xylan. 

Also notable were the high rates of xylan hydrolysis,
which usually exceeded laminarin hydrolysis by fac-
tors of 2 to 10. With the exception of the January mid-
bay, plume, and shelf stations (rates of 3.8, 0.4, and
23 nM xylose h–1, respectively), xylan hydrolysis rates
ranged from 45 to 72 nM xylose h–1 and were relatively
consistent between stations and seasons (Fig. 3). For
xylan, a measure of day-to-day rate consistency at a
single station was obtained during the June cruise,
when samples for midbay xylan hydrolysis rate mea-

surements were taken on 2 consecutive days, the first
time for the 4 substrate comparison, and the second
time for the filtration series. Potential hydrolysis rates
for unfiltered samples taken on the 2 days were 51 ±
1.2 and 42 ± 12 nM xylose h–1, respectively. Laminarin
potential hydrolysis rates were consistently lower than
for xylan, covering a range of 2.4 to 40 nM glucose h–1,
and also varied more between seasons (Fig. 3).

Potential hydrolysis rates were generally higher in
September than in June or January. The elevation in
laminarin hydrolysis rates (an increase by a factor of
2 to 4) was particularly pronounced in September
(Fig. 3). Between-station differences were most pro-
nounced for both substrates during the January cruise.
The plume station in January had the lowest rates
observed for both laminarin and xylan hydrolysis (2.4 ±
0.7 nM glucose h–1 and 0.4 ± 0.4 nM xylose h–1, respec-
tively), although rates at the freshwater station in Jan-
uary were comparable to rates measured during other
seasons (Fig. 3).

The filtration experiments clearly demonstrated that
although the highest hydrolytic activity was generally
observed in the >0.45 µm size fraction, the free
enzyme size-fraction can at times contribute signifi-
cantly to total hydrolytic activity. During the Septem-
ber cruise, for example, the free-enzyme size fraction
(<0.2 µm) contributed essentially all of the activity at
the midbay and plume stations for laminarin (Fig. 4), as
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Fig. 2. Gel permeation chromatograms for the 4 substrates (June midbay
station). (A) Pullulan, (B) laminarin, (C) xylan, and (D) fucoidan. Longer
elution times correspond to lower molecular weights. Upper curves are

the time zero profiles, while the lower curves are the 6 d profiles
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well as 69% of total activity at the freshwater station
and 48% of total activity at the midbay station for xylan
(Fig. 5). Activity among size classes varied consider-
ably by substrate as well as by station and cruise. The
0.45 to 0.2 µm fraction contributed a sizeable percent-
age of total activity at specific times and locations: for
xylan at the freshwater and plume stations in Septem-
ber (32 and 22% of total activity, respectively; Fig. 5),
and for the laminarin at all 3 stations in June (21, 11,

and 95%, respectively), as well as for the freshwater
station (30% of total activity) in September (Fig. 4).
Combined, the 0.45 to 0.2 µm and the <0.2 µm frac-
tions accounted for 25 to 100% of the total laminarin-
hydrolyzing activity in June and September, and 35 to
100% of the total xylan-hydrolyzing activity in Sep-
tember. (Note that size fractionation experiments were
not performed in June for xylan at the freshwater and
plume stations.)
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Fig. 3. Potential hydrolysis rates for unfiltered xylan and lam-
inarin samples (6 d incubations). Spotted bars: laminarin;
striped bars: xylan. Note that the shelf station was sampled

only in January. Error bars represent ±1 SD (n = 3)

Fig. 4. Size-fractionation experiments (6 d incubations):
laminarin hydrolysis rates as a fraction of rates measured
in unfiltered samples. White bars: 0.45 to 0.2 µm fraction.
Black bars: free enzyme (<0.2 µm) fraction. Error bars rep-

resent ±1 SD (n = 3)
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DISCUSSION

Contrasts in potential enzyme activities

Rapid hydrolysis of xylan and laminarin contrasts
sharply with essentially zero hydrolysis of both
pullulan and fucoidan over the course of the 6 d
incubations. Even over longer incubation periods,
pullulan remained unhydrolyzed, while only 1
fucoidan replicate was significantly hydrolyzed
over a timescale of 1 mo. The contrast between pul-
lulan and laminarin is particularly notable, since
both are soluble linear glucose polysaccharides,
differing in linkage position and anomeric linkage.
Pullulan consists of α(1,6)-linked maltotriose
(α(1,4)-linked glucose), while laminarin is a β(1,3)-
linked glucose polysaccharide. Pullulanase can
function as a debranching enzyme of starch (An-
tranikian 1992); since starch is a common storage
polysaccharide of phytoplankton (Bold 1985), high
pullulanase activity might be expected in the water
column. Sediments investigated to date with these
substrates have in fact demonstrated high rates of
hydrolysis for both pullulan and laminarin (Arnosti
et al. 1994, Arnosti 1995, 1998). 

A further contrast between previous measure-
ments in sediments and this investigation of
enzyme activity in the water column is that at all
stations and locations, potential rates of xylan
hydrolysis exceeded those of laminarin by factors
of ca 2 to 10. The sole exceptions were the midbay
and plume stations in January, when hydrolysis
rates for both substrates were low, and the shelf-
break station in January. In sediments from other
locations, however, potential rates of laminarin
hydrolysis were consistently comparable to or more
rapid than rates of xylan hydrolysis (Arnosti 1998,
Arnosti & Holmer 1999). 

The contrasting behavior of the 4 substrates can-
not be traced to monomer composition, since the
component monomers of the polysaccharides used
in this study are commonly detected in aquatic sys-
tems, including Delaware Bay. Glucose, man-
nose+ xylose (co-eluting sugars), and fucose com-
prised 18, 26, and 18% of the dissolved (0.2 µm
filtered) combined sugars, and 40, 20, and 9% of
the total (unfiltered) combined sugars measured at
Roosevelt Inlet in Delaware Bay (Borch & Kirchman
1997). These same monosaccharides are important
constituents of dissolved combined carbohydrates
throughout the Bay. Borch (1998) found that the com-
position of dissolved combined carbohydrates in tran-
sects through Delaware Bay varied little, with glucose
averaging 23 ± 3.6%, mannose + xylose as 22 ± 2.0%,
and fucose as 16.6 ± 0.6% of total neutral carbohy-

drates. The specific structures from which these carbo-
hydrates are derived, however, remain unknown,
since techniques to isolate and structurally character-
ize intact specific components of the HMW DOC pool
remain to be developed. 
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Fig. 5. Size-fractionation experiments (6 d incubations): xylan
hydrolysis rates as a fraction of rates measured in unfiltered
samples. White bars: 0.45 to 0.2 µm fraction; black bars: free
enzyme (<0.2 µm) fraction. Error bars represent ±1 SD (n = 3).
Note that fractionation experiments were carried out

only at the midbay station in June
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Rates of polysaccharide turnover in Delaware River
and Bay

Despite the lack of information about the structure of
the combined carbohydrate fraction of DOC, the po-
tential hydrolysis rates measured in this study can be
used to estimate boundaries on turnover times of this
fraction of DOC. According to Borch (1998), dissolved
combined neutral carbohydrates in the Delaware River
and Bay exhibit little spatial or temporal variability,
with total concentrations in the range of 0.7 to 1.8 µM.
Borch & Kirchman (1997) and Borch (1998) report com-
bined glucose concentrations (i.e., glucose present as
part of an oligo- or polymer, and not as the free mono-
saccharide) are on the order of 190 nM. Given lami-
narin potential hydrolysis rates of 2.4 to 40 nM glucose
h–1 (Fig. 3), the entire glucose pool, if occurring in a
laminarin-like form, could be hydrolyzed to monosac-
charides on timescales of 4.75 to 79 h. If the combined
glucose pool consisted of pullulan-like structures,
however, effectively none of this pool would be hy-
drolyzed. Making a similar calculation, if all of this
pool consisted of xylose in xylan-like structures, the
combined mannose + xylose pool (co-eluting sugars) of
268 nM (Borch & Kirchman 1997) could potentially be
hydrolyzed to monomers on timescales of 3.7 to 6.0 h
(Fig. 3). If the combined fucose pool of 190 nM is found
in fucoidan-like structures, its turnover rate in almost
all instances would essentially be zero.

These estimates of turnover times suggest an all-or-
nothing scenario: either a high molecular weight sub-
strate is intrinsically labile and could be hydrolyzed and
utilized extremely rapidly by the microbial community,
or it is essentially unavailable even over relatively long
timescales. The surprise in this case is that pullulan must
be classified as relatively ‘unavailable’ for the planktonic
community, although it hardly fits a conventional defin-
ition of a recalcitrant substrate. Furthermore, classifica-
tion as ‘unavailable’ at least in this case applies only to
the planktonic microbial community, since pullulan is
rapidly hydrolyzed and remineralized by sedimentary
microbes (Arnosti et al. 1994, Arnosti 1995, 1998). 

The wide range of turnover rates estimated here may
in fact effectively reflect the dynamics of the combined
neutral carbohydrates in Delaware River and Bay.
Borch (1998) demonstrated that a significant fraction of
this pool is not degraded rapidly. He monitored con-
centrations of combined neutral carbohydrates (glu-
cose, galactose+xylose, mannose, fucose, rhamnose,
and arabinose) in 0.8 µm filtered water samples col-
lected from the Delaware River and Bay. Over the 37 to
138 h incubation periods, little change was typically
observed in the concentrations of combined neutral
carbohydrates. Only in one instance was degradation
of combined glucose substantial; changes in concen-

trations of the other combined carbohydrates were low
to undetectable (Borch, 1998). These results suggest
that at least a portion of the dissolved combined carbo-
hydrate pool is intrinsically resistant to extracellular
enzymatic hydrolysis and microbial utilization, per-
haps because these combined carbohydrates are found
in polysaccharides whose behavior is similar to pullu-
lan and fucoidan. 

A portion of the combined carbohydrate pool in
Delaware Bay, however, may be turned over even
more rapidly than laminarin or xylan. Borch (1998) also
investigated decomposition of carbohydrates produced
during a 2 d bloom initiated by adding nutrients to
unfiltered water. In this experiment, a total of ca 20 µM
combined carbohydrates were produced during the
bloom, and less than 4% of these carbohydrates
remained 4 d after the bloom was terminated by plac-
ing it in the dark. Degradation of 19.2 µM combined
neutral carbohydrates over a 96 h timecourse yields an
average hydrolysis rate of 200 nM h–1, a rate 3 to 4
times more rapid than the average xylan hydrolysis
rates of 45 to 72 nM h–1 (Fig. 3).

An additional point to note is that the potential hy-
drolysis rates reported here for laminarin and xylan are
generally higher than those typically reported for water
column hydrolysis of the substrate analogs MUF α- and
β-glucose (e.g. Hoppe 1983, Bochdansky et al. 1995,
Karner & Rassoulzadegan 1995, Martinez et al. 1996).
The most likely reason is that small substrate analogs
such as the MUF-dimers and HMW polysaccharides
such as laminarin and xylan are hydrolyzed by entirely
different classes of enzymes. While MUF-dimers are
generally considered to be the target of enzymes which
cleave monomeric units from the ends of a polymer
(Marxen & Witzel 1991, Warren 1996), the patterns of
hydrolysis observed via gel permeation chromatogra-
phy clearly indicate that the laminarin and xylan poly-
mers were cleaved via the action of endo-acting exoen-
zymes, which hydrolyze polymers mid-chain. Martinez
et al. (1996) in fact commented that potential hydrolysis
rates of MUF α- and β-glucose substrates are typically
are ‘low’ in comparison with other enzymes, and sug-
gested that these MUF substrates may underestimate
actual enzyme activities. Pantoja & Lee (1999) have in
fact found that hydrolysis rates measured via the fluo-
rescent peptide analog leu-MCA were significantly
lower than rates measured with longer peptides.

Substrate specialization within microbial
communities 

The different spatial and temporal patterns of lami-
narin and xylan hydrolysis (Fig. 3) suggest that differ-
ent bacterial species or communities may be responsi-
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ble for hydrolyzing these 2 polysaccharides. This possi-
bility is consistent with Martinez et al.’s (1996) investi-
gation of a spectrum of enzyme activities among bacte-
ria isolated from seawater samples. Using simple
substrate analogs such MUF-α- and -β-glucose, they
determined that the extent to which specific enzymes
were expressed, as well as the types of enzymes
expressed by each isolate, varied significantly. Enzyme
expression in natural assemblages from seawater col-
lected 4 times at the same location over the course of
7 d were also variable, although total bacterial abun-
dance was relatively constant. Pinhassi et al. (1997)
likewise found significant changes in planktonic bac-
terial community composition in a coastal environment
over an annual cycle. Pinhassi et al. (1999) further
investigated the population dynamics of bacteria in
seawater mesocosms in response to substrate addition.
A protein-enriched mesocosm demonstrated shifts in
bacterial community composition concurrent with
changes in enzyme activities, measured using a variety
of substrate analogs. They suggested that the
increased levels of enzyme activity measured in the
protein-enriched mesocosm relative to the control
mesocosm were a reflection of changing population
composition, rather than simply due to induction of a
suite of enzymes among a compositionally stable pop-
ulation. A recent study has in fact shown that extensive
changes in microbial community composition (moni-
tored via denaturing gradient gel electrophoresis) and
associated increases in potential enzyme activities
were closely correlated with the colonization and
decay of a plytoplankton bloom induced in a meso-
cosm (Riemann et al. 2000). The spatial and temporal
changes in potential enzyme activities measured in
this study might therefore reflect seasonal and site-
related changes in the population densities or levels of
activity of the organisms which produce laminarinase
and xylanase enzymes. Such changes might be a
response to factors such as spatial and/or seasonal
shifts in the phytoplankton populations in the
Delaware River and Bay.

The temporal and spatial differences in the contribu-
tions of free enzyme fractions to laminarin and xylan
hydrolysis (Figs. 4 & 5) additionally supported the
hypothesis that distinct members of the microbial com-
munity produced the enzymes which hydrolyze these
substrates, or that there was some form of selective
production of free enzymes. Especially in September,
free enzymes (the <0.2 µm fraction) contributed most
or all of the enzyme activity at the freshwater and mid-
bay stations for xylan, and at the midbay and plume
stations for laminarin.

Significant temporal and spatial variability in activity
of free enzymes is consistent with a study of Mediter-
ranean waters, in which the contribution of the

<0.1 µm size fraction to hydrolysis of the substrate
analogs MUF-α- and -β-glucose varied between 0 and
100% on 24 h timescales (Karner & Rassoulzadegan
1995). Pantoja & Lee (1999) likewise found that the
effects of filtration on peptide hydrolysis rates in
coastal seawater varied by substrate. In one case,
hydrolysis of tetrapeptides and tripeptides was equally
rapid in filtered (0.2 µm) and unfiltered seawater,
while hydrolysis of a dipeptide was minimal in the fil-
tered seawater. A further comparison showed site- as
well as filtration-related differences in hydrolysis rates,
with a greater proportion of free enzyme activity
(<0.2 µm) found at the more organic-rich seawater site.
They hypothesized that more free enzymes might be
released in the presence of higher substrate concentra-
tions. In pure cultures of bacteria, production of free
enzymes has in fact been found to be a function of
growth phase and substrate concentration (e.g.
Antranikian et al. 1987). Enhanced free enzyme pro-
duction has also been observed as a response to star-
vation (Albertson et al. 1990). Free enzymes could also
be generated by a variety of mechanisms, potentially
including viral lysis (Karner & Rassoulzadegan 1995)
and zooplankton grazing (Bochdansky et al. 1995). 

The variable and at times very high contributions of
the free enzyme fractions to total activity could also
contribute to a general lack of coherence between
broad measures of total microbial populations and the
activities of specific enzymes. Potential hydrolysis
rates were compared to large-scale chemical and
microbial parameters from the river-bay-plume sta-
tions for June and September 1997 (Sharp pers.
comm.). There were no statistical correlations with
DOC, which is conservative along the estuarine tran-
sect, and shows no seasonal variation (Sharp et al.
1982). The temporal and spatial variations in laminarin
and xylan hydrolysis rates were also independent of
bacterial abundance and metabolic activity (data not
shown). Bacterial abundance changes from station to
station in the river-bay, and shows significant season-
able variations (Sharp et al. 1986, Hoch & Kirchman
1993, Sharp pers. comm.). Since the highest potential
hydrolysis rates for both substrates were measured in
September and the lowest rates in January (Fig. 3),
these highs and lows could potentially be related to a
variety of factors, including temperature (Table 1), as
well as seasonal highs and lows in total bacterial abun-
dance typically observed in this environment in
August and January (Hoch & Kirchman 1993). The fact
that rates of laminarin and xylan hydrolysis measured
at the freshwater station in January are comparable to
rates measured during June, however, demonstrates
that neither temperature nor bacterial abundance
alone is likely to be the primary factor affecting poten-
tial hydrolysis rates. 
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Variable or weak correlations between total bacter-
ial numbers or bacterial production and enzyme activ-
ities have been noted previously (e.g. Mayer 1989,
Boetius et al. 1996, Murrell et al. 1999). A fundamental
difficulty with seeking such correlations is the proba-
bility that only a subset of the microbial population
produces the enzymes whose activities are measured,
although a wider range of bacteria may metabolize the
resultant hydrolysis products. Studies of rumen bacte-
ria have in fact demonstrated this pattern of substrate
utilization (Cotta 1992). Cottrell & Kirchman (2000)
have recently used microautoradiography and fluores-
cent in situ hybridization (FISH) to demonstrate that
the contributions of different phylogenetic groups of
bacteria to substrate utilization in marine systems is
not a simple function of their relative abundance. They
found in particular that the Cytophaga-flavobacteria
were prominent among organisms using HMW sub-
strates (including protein), although their uptake of the
corresponding LMW substrates (amino acids) was dis-
proportionately low. These results, as well as the
apparent resistance of relatively simple polysaccha-
rides such as fucoidan and pullulan to extracellular
enzymatic hydrolysis in the water column, starkly illus-
trate our limited knowledge of the nature and expres-
sion of extracellular enzymes among aquatic microbes.
Ultimately, the use of naturally produced macromole-
cules will be necessary for more complete understand-
ing of extracellular hydrolysis processes (see Warren
1996); the fluorescently labeled polysaccharides used
here represent a step in this direction.
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