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INTRODUCTION

Marine nematodes play an important role in the
ecology of seas and estuaries (Coull 1999), being
diverse, universally abundant and often showing sen-
sitive responses to environmental changes (Austen
2004, Lambshead 2004). They are becoming increas-
ingly important as indicators for environmental moni-
toring, particularly in relation to marine pollution
(Tietjen & Lee 1984, Lambshead 1986, Austen &

McEvoy 1997, Bongers & Ferris 1999, Boyd et al. 2000,
Ahnert & Schriever 2001). Despite such attributes,
nematode taxonomy is relatively time-consuming,
making studies of nematode diversity in marine
ecosystems somewhat laborious (Coomans 2002,
Floyd et al. 2002, Cook et al. 2005). Given these diffi-
culties, it is surprising that to date there has been lim-
ited application of molecular techniques in the rapid
assessment of marine nematode diversity from estuar-
ine and marine sediments. In the past, molecular tech-
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niques have been successfully applied to address
questions of diversity in marine eukaryotes such as
protists and picoplanktons (Díez et al. 2001, Gast et al.
2004, Countway et al. 2005). To date, only Cook et al.
(2005) have used electrophoretic techniques to study
marine nematode diversity. This study relied on
extraction of nematodes from sediment prior to riboso-
mal RNA amplification using universal primers. Mel-
dal (2004) and Cook et al. (2005) used 18S rRNA for
barcoding of marine nematodes and molecular phylo-
genetics, respectively, but there is no report as yet on
the use of nematode-specific 18S rRNA primers for
amplifying environmental DNA directly extracted
from marine and estuarine sediments.

The aim of this study was to establish and extend
the potential of molecular ecological approaches for
rapid screening of marine nematode diversity from
natural environments, and specifically to determine
whether nematode diversity could be rapidly assessed
from DNA extracted directly from sediments. We
employed the 18S rRNA gene as a marker of nema-
tode diversity in this study since its sequences are
generally species specific and it contains both con-
served (primer design) and variable (taxonomic dis-
tinction) regions (Blaxter et al. 1998, Schlötterer 1998,
Dorris et al. 1999, Foucher & Wilson 2002, Cook et al.
2005). PCR amplification was carried out using
primers designed from 18S rRNA sequences held
online at GenBank and EMBL, and specificity of the
consensus primers was determined by excision,
amplification and sequencing of bands resolved by
denaturing gradient gel electrophoresis (DGGE). This
technique is widely used in microbial ecology
(Muyzer et al. 1993, Schafer et al. 2001, Savin et al.
2004, Postec et al. 2005), but has had limited applica-
tion to studies of benthic eukaryotes, despite its
obvious potential.

MATERIALS AND METHODS

Sample location. Sediments (mud/mud-sand) were
collected subtidally from a variety of marine and estu-
arine locations in SW England: Saltash, Tamar estuary
(1 to 5 m depth) (50° 24’ N, 4° 12’ W), Plymouth Sound
at Jennycliff (10 m depth) (50° 20’ N, 4° 08’ W), Ply-
mouth Breakwater (15 m depth) (50° 20’ N, 4° 08’ W),
and off Rame Head (50 m depth) (50°17’ N, 4° 17’ W);
and also from North England, at the National Marine
Monitoring Programme (NMMP) site in the Humber
estuary (70 m depth) (54° 00’ N, 2° 00’ E). All samples
were taken from surface sediment collected using a
Van Veen grab, and sediment samples were imme-
diately preserved in 98% molecular grade ethanol
(Hayman Limited).

Extraction of environmental DNA from sediment
samples. Environmental DNA was extracted from 0.5 g
sediment for each site using the FastDNA Spin Kit
(Qbiogene), following the manufacturer’s recommen-
dations. DNA from each site was eluted in 50 µl of DES
(DNase/pyrogen free water). Subsequently, DNA con-
centration from all the sites was adjusted to 45 µg ml–1

following quantification in a spectrophotometer and
then used for PCR amplification.

Primers for DGGE. DGGE works optimally with
fragments less than 1 kb in size (Potts 1996). We used
2 sets of primers: (1) G18F (forward) (5’-GCTTGTCT-
CAAAGATTAAGCC-3’) (Position 30 to 49 in relation
to Caenorhabditis elegans sequence) and 22R
(reverse) (5’-GCCTGCTGCCTTCCTTGGA-3’) (Posi-
tion 429 to 411 in relation to C. elegans) (Blaxter et
al. 1998); (2) MN18F (forward) (5’-CGCGAATRGCT-
CATTACAACAGC-3’) (Position 111 to 123 in relation
to C. elegans) and 22R (reverse). The first comprises
the universal primer set which produces 400 bp
amplicons, and has been used in the past for nema-
tode phylogenetics as well as for studying diversity
using electrophoretic techniques (Blaxter et al. 1998,
Meldal 2004, Cook et al. 2005). In the case of the sec-
ond set, the forward primer is more nematode spe-
cific and has been designed on consensus nematode
ribosomal sequences and produces an amplicon of
approximately 345 bp. The forward primer in this
case is placed between Positions 111 to 123 in rela-
tion to the C. elegans sequence. The ClustalX pro-
gram (Thompson et al. 1997, Jeanmougin et al. 1998)
was used to construct an alignment containing full-
length nematode 18S rRNA sequences and 18S rRNA
sequences from fungal taxa that were picked up in
DGGE analysis. A conserved region among nematode
18S rRNA sequences was selected for forward
primer design that is absent in the fungal sequences
(see alignment in Fig. 1). Annealing temperature and
stability of the PCR primer site was examined using
PRIMER 3 (Rozen & Skaletsky 2000). The specificity
of the newly designed forward primer was re-
examined using BLAST search, whereby the primer-
showed only significant similarities across different
nematode taxa. The GenBank and EMBL accession
numbers used to design the nematode-specific
primers are Metachromadora sp.: Nematoda, AF03-
6595; Daptonema procerus: Nematoda, AF047889;
Sabatieria pulchra: Nematoda, AY854234; Plectus
acuminatus: Nematoda, AF037628; Monohystera rie-
manni: Nematoda, AY593938; Rhinocladiella aqua-
spersa: Fungus, U20512; Syspastospora parasitica:
Fungus, AY015623; Paecilomyces fumosoroseus:
Fungus, AB233338. The nematode-specific forward
primer binds around 100 bp inward from the 5’ end of
the 18S rRNA molecule. 
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The forward primers for DGGE
(G18FGC and MN18F) were synthe-
sised with the addition of a 40 base
pair GC clamp (5’-CGCCCGCCGCG
CCCCGCGCCCGCCCCGCCGCCC-
CCGCCCC-3’) at the 5’ end to prevent
complete denaturation of the ampli-
cons under denaturing conditions
(Myers et al. 1985, Sheffield et al.
1989). 

Amplification of 18S rRNA gene for
DGGE analysis. DNA extracted from
each site was amplified in a total vol-
ume of 50 µl using the G18FGC, 22R
and MN18FGC and 22R primers that
have been designed to anneal to
conserved regions of the gene. The
annealing temperature of the primers
was initially optimised using DNA
templates from different marine
nematode taxa prior to DGGE. PCR
reactions were performed on 0.5 µl
aliquots of the extracted DNA from
each site by adding 5 µl Pfu buffer, 5 µl
2 mM dNTPs, 2 µl of each of the
primers (10 pmol µl–1), 0.5 µl of Pfu
polymerase and Milli-Q water to a
final volume of 50 µl. Amplifications
were performed in a PTC-100 pro-
grammable thermal cycler (MJ Re-
search). The following programme
was used for amplification: 4 min at
95°C, 36 cycles of 1 min at 94°C, 1 min
at 56°C, 90 s at 72°C, and finally
1 cycle of 2 min at 56°C and 30 min at
72°C followed by a holding tempera-
ture of 4°C. The PCR products were
analysed in 1% agarose gel prior to
DGGE analysis.

DGGE analysis. DGGE analysis was
performed on amplified DNA tem-
plates using the Bio-Rad DCodeTM

Universal Detection System according
to the manufacturer’s instructions. A
25 to 60% gradient was used in this
study. PCR product (15 µl) from each
of the sampling stations was loaded
into gel. Gels were stained with SYBR
Gold nucleic acid stain (Invitrogen).
Electrophoresis was carried out at
60 V for 16 h at 60°C. Gels were visu-
alised and recorded using a SYN-
GENE gel documentation system.

Cloning and DNA sequencing.
Dominant bands from the denaturing

gel were cut, resuspended in 20 µl of
Milli-Q water and left overnight at
4°C. Subsequently, 2 µl from each
elute was used as template for PCR
amplification. Re-amplified PCR frag-
ments were cloned using the pGEM-T
Easy vector system (Promega). Prior to
cloning, purity of the re-amplified
bands was checked by electrophoresis
in denaturing gels. Plasmid DNA con-
taining the inserts were cycle se-
quenced using BigDye Terminator Kit
(Applied Biosystems). Cycle sequenc-
ing reactions were cleaned using the
Wizard MagnesilTM system (Promega).
Sequencing was carried out in both
directions using M13F and M13 pri-
mers in an ABI Hitachi 3100 genetic
analyzer. The results of the sequences
were then compared with those of
known 18S rRNA nematode sequen-
ces held online at GenBank, EMBL,
DDBJ and PDB using the BLAST
query engine (available at: www.ncbi.
nlm.nih.gov/BLAST). 

Construction of phylogenetic tree.
A phylogenetic tree was constructed
using the sequences from the excised
bands (amplified using MN18F and
22R primers and G18F and 22R
primers) and additional marine nema-
tode 18S rRNA sequences (Bhadury
2005) as well as sequences from Mel-
dal (2004) and Cook et al. (2005) pub-
lications held online in GenBank and
EMBL databases. Prior to phyloge-
netic analysis, nematode sequences
were aligned in ClustalX using default
parameters (Thompson et al. 1997,
Jeanmougin et al. 1998). A neighbour-
joining tree was constructed with the
program MEGA Version 3.0 (Kumar
et al. 2004) using nucleotide gamma
corrected Kimura distance parameters
(Blaxter et al. 1998).

RESULTS

The DNA yield for sediment sam-
ples from Tamar estuary, Plymouth
Breakwater, Jennycliff, Rame Head
and the NMMP site were 129.9, 45.0,
57.3, 119.4 and 45.0 µg ml–1, respec-
tively. 
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Ribosomal diversity from DNA samples amplified
using G18FGC and 22R primers

DNA templates from Jennycliff (JCF), Rame Head
(RH), Plymouth Breakwater (BW) and Saltash, Tamar
estuary (SH) amplified using G18FGC and 22R primers
showed a characteristic banding pattern for each site.
Based on DGGE banding patterns, the ribotype diver-
sity seemed to differ between sites, with certain bands
more obvious at certain sites (Fig. 2). The majority of
the excised bands (assigned with reference numbers
on the gel) showed high sequence similarity with the
nematode sequences held online at GenBank and
EMBL; however, 3 of the sequences showed similari-
ties with the fungus Paecilomyces fumosoroseus (99%
similarity), Rhinocladiella aquaspersa (98% similarity)
and Syspastospora parasitica (98% similarity). Addi-
tionally, 2 sequences showed similarities with an

uncultured stramenopile clone IAFDv26 (99% similar-
ity) and an uncultured marine eukaryotic clone mj223
(99% similarity), respectively. The nematode se-
quences have been submitted to EMBL (Accession
Nos. AJ966665 [BW1], AJ966666 [JCF1], AJ969109
[JCF2], AM039438 [RH1] and AM039439 [SH1]). Fun-
gal and other eukaryotic sequences reported in this
paper have been submitted to EMBL (Accession Nos.
AJ965493 [JCFFungus1], AJ965494 [JCFFungus2],
AJ965671 [BWFungus1], AJ971292 [JCFEukaryote1]
and AJ971293 [RHEukaryote 2]).

Ribosomal diversity from DNA samples amplified
using MN18FGC and 22R primers

The ribosomal diversity differed between all 5 sites
in terms of DGGE banding patterns, with certain
bands prevalent at certain sites (Fig. 3). Approximately
10 bands could be distinguished in the gel, represent-
ing 10 putative taxa for RH, NMMP and SH, whereas
for JCF and BW between 7 and 8 taxa were distin-
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Fig. 2. Banding patterns of marine nematode communities
from 5 environmental stations amplified using G18FGC and
22R primers; Lane 1: negative, to check any contamination;
Lane 2: community pattern for Plymouth Breakwater (BW);
Lane 3: pattern for Jennycliff (JCF); Lane 4: community
pattern for Saltash, Tamar estuary (SH); Lane 5: pattern for
Rame Head (RH). Arrows indicate bands that have been

extracted and sequenced

Fig. 3. Banding patterns of marine nematode communities
from 5 environmental stations amplified using MN18FGC and
22R primers; Lane 1: community pattern for National Marine
Monitoring Programme site in the Humber estuary (NMMP);
Lane 2: pattern for Jennycliff (JCF); Lane 3: community
pattern for Plymouth Breakwater (BW); Lane 4: community
pattern for Rame Head (RH); Lane 5: pattern for Saltash,
Tamar estuary (SH). Arrows indicate bands that have been

extracted and sequenced
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guished. Here, all extracted bands showed high
sequence similarity to the available nematode se-
quences held online at GenBank and EMBL. Co-
amplification of other eukaryotic 18S rRNA including
fungi was not recorded in this case. The placement of
some of these sequences amplified using MN18F and
22R primers in the phylogenetic tree (Fig. 4) suggests
that they share high sequence similarity with
Sabatieria celtica and Setosabatieria hilarula (JCF2),

Halichoanolaimus dolichurus (BW3), Bathylaimus
sp. (RH1), Dichromadora sp., and Atrochromadora
microlaima (SH1, NMMP3, BW1, RH2), Molgolaimus
demani (NMM5) and Neochromadora sp. (NMMP4).
The marine nematode sequences reported in this
paper have been deposited in the EMBL database and
are detailed in Fig. 4.

DISCUSSION

The main purpose of this study was to investigate the
effectiveness of DGGE for the rapid assessment of
nematode diversity following environmental DNA
extraction and PCR amplification. Pfu DNA poly-
merase was used in the study during the amplifications
because of its proofreading properties (Lundberg et al.
1991, Flaman et al. 1994, Cline et al. 1996). With the
first primer set, co-amplification of fungal 18S rRNA as
well as other eukaryotic ribosomal regions was also
recorded from 3 sites in the study (Jennycliff, Plymouth
Breakwater and Rame Head). This indicated that the
consensus primers initially designed on available
nematode 18S rRNA sequences were picking up ribo-
somal regions from other eukaryotes, possibly because
of the high abundance of the 18S rRNA gene from
these organisms in the environmental DNA. 

As a result, a forward primer was redesigned that
could selectively amplify nematode ribosomal regions
from estuarine and marine sediments. A new region
from the 5’ end of the nematode 18S rRNA was
selected for consensus primer designing, whereby the
variable regions were flanked by conserved regions.
The redesigned forward primer along with the reverse
primer were tested on DNA templates for PCR and
subsequent DGGE analysis. Specificity of the second
primer set was evaluated by band excision and subse-
quent amplification and sequencing. All bands showed
high sequence similarity with nematode sequences,
indicating that the primers as well as the DGGE tech-
nique are capable of targeting and resolving 18S rRNA
of marine nematodes from environmental samples.
Additionally, the nematode sequences detected by the
specific primers in DGGE gels (MN18FGC-22R) were
also detected in gels following PCR with the universal
primers (G18FGC-22R), indicating that the newly
designed primer combinations were not excluding
sequence types that were readily obtained by the uni-
versal primers.

As mentioned in the last subsection of ‘Results’,
DGGE of PCRs using nematode-specific primers
detected only 8 to 10 taxa at each site. This contrasts
with published data available for Rame Head, Jenny-
cliff and Saltash, Tamar estuary, where the mean
numbers of species were 35, 35 and 18, respectively
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 Daptonema hirsutum AM236231
 Daptonema sp. AM234624
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 Halichoanolaimus dolichurus AM234629
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 Axonolaimus helgolandicus AM236598
 Paralinhomoeus sp. AM235216

 Terschellingia longicaudata AM234716
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 Praeacanthonchus sp. AM234046
 Cyatholaimus sp. AM234618

Paracanthonchus caecus AF047888
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 Neochromadora sp. AY854210

SH2 AJ867493
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 BW1 AJ868130
 Dichromadora sp. AY854209
 Atrochromadora microlaima AY854204
BW1 AJ966665
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 Anoplostoma sp. AM235215
 Adoncholaimus fuscus AM236232

 Viscosia viscosa AY854198
 Oncholaimus sp. AM234625

0.02

Fig. 4. Phylogenetic tree showing relationship between
DGGE bands amplified using nematode specific primer
(MN18F-22R) and universal primers (G18F-22R) (18S rRNA)
and most similar sequences of known nematodes. Distance

scale indicates 0.02 substitutions site–1
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from 50 g (Austen & Warwick 1989, Austen et al. 2003)
or 70 g (Austen & McEvoy 1997) of sediment. In a pre-
vious study, Cook et al. (2005) recorded 25 different
taxa from a sediment sample in Tamar estuary, SW
England, whereas DGGE analysis of the same sample
only detected 15. Despite this, approximately 5 to 10
species constitute more than 80% of nematode abun-
dance at these sites (Austen & Warwick 1989, M. C.
Austen unpubl.), such patterns being typical for sub-
tidal marine sediments (Heip et al. 1985).

It appears, therefore that our approach resolves only
these dominant species and not the less abundant taxa
(Austen 1986, Austen & Warwick 1989). This conclu-
sion is supported by the phylogenetic tree, where some
of the sequences resolved into groups of known marine
nematode sequences that are dominant in these
environments. Some of the nematode taxa that domi-
nate estuarine and marine sediments around SW
England are Sabatieria celtica, S. ornata, S. pulchra,
Terschellingia longicaudata, Daptonema oxycerca,
Metachromadora sp., Dichromadora sp., and Atrochro-
madora microlaima (Warwick & Price 1979, Austen
1986, Austen & Warwick 1989, Bhadury 2005, Cook et
al. 2005). Most of these nematodes play a major role in
marine decomposition processes through the direct
consumption of detritus and, more importantly,
through grazing (and hence increasing the productiv-
ity of) heterotrophic bacteria involved in decomposi-
tion (Yeates & Coleman, 1982, Austen 2004). Addition-
ally, these organisms in conjunction with other
meiofauna mechanically break down detrital particles
and cause them to be more susceptible to increased
bacterial action (Coull 1999). 

It appears then that the DGGE measure of diversity
is rapid but will probably only be effective for monitor-
ing patterns of diversity within the dominant compo-
nent of the nematode community. These results are
similar to those achieved using DGGE in microbial
ecology studies, whereby the true diversity probably
remains underestimated in complex communities as
the taxa present in low abundance generally remain
undetected (Muyzer et al. 1993, Holben et al. 2004). 

In conclusion, the present study provides further
evidence that molecular techniques can provide a
rapid assessment of marine nematode community com-
position from the study of environmental DNA. Our
approach represents a significant advance over that of
Cook et al. (2005), since it avoids the time-consuming
and expensive steps of nematode extraction and sub-
sequent DNA extraction and amplification of individu-
als. Necessarily, this new approach has required the
development of more specific primers than those used
in previous studies (Foucher & Wilson 2002, Waite et
al. 2003, Cook et al. 2005). Like the approach of Cook
et al. (2005), our method is limited to the detection of

the more abundant species in the community, but is
nevertheless a useful, rapid method for the assessment
of composition of, and change in, nematode assem-
blages.
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