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INTRODUCTION

Over the last decade, analysis of otolith microstructure
has become a widely applied tool in ecological studies of
the early life history of fish. The technique relies upon
the assumption that identifiable micro-increments in the
otoliths are deposited on a regular (normally daily) basis
and can thus be used to estimate the age of the indi-

vidual. By combining this information with measures of
larval size, it becomes possible to estimate ecologically
important parameters, such as growth rates and birth
date distributions (Campana 1992).

However, differences in otolith microstructure do
occur between species and the interpretation of these
structures is not always straightforward. It is therefore
strongly recommended that validation experiments are
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ABSTRACT: Estimating the age of individual fish larvae using otolith micro-increments has become
a widely used tool in early life-history ecology. A basic assumption of the method is that the micro-
increments are formed on a regular (usually daily) basis. Validation experiments are recommended
to test this assumption, since otolith microstructure varies between species and interpretation of the
structures can be problematic. Whilst many such experiments have demonstrated daily deposition
rates, those examining slow-growing larvae have often not supported this assumption. In response, it
has been suggested that increments are in fact being formed on a daily basis, but that they are too
narrow to be resolved by optical microscopy. In this study, we raised herring larvae over a range of
growth rates by manipulating prey levels. At 16 and 37 d old, the otoliths were marked by immersion
of the larvae in a solution of alizarin complexone. The rearing experiment was terminated at 51 d
post-hatch, and after suitable preparation, otoliths were examined using both light and scanning
electron microscopy. Micro-increment counts based on light microscopy were lower than expected
(assuming daily deposition) when larval growth rates were less than 0.42 mm d–1. These results are
in accord with previous reports in the literature. Examination of the otolith region between the
alizarin marks by scanning electron microscopy (SEM) produced slightly higher increment counts
compared with light microscopy (average +2), but this was not sufficient to support the assumption of
daily deposition of micro-increments between Days 16 and 37 in slow-growing larvae. Rather than
leading to the regular deposition of narrow increments, slow growth in laboratory-reared herring
larvae often appears to affect otolith structure. This results in fewer than the expected number of
increments being deposited, and affects counts made both by light and scanning electron
microscopy. Growth rates attained in this laboratory study are typical of those that may be experi-
enced by cohorts of herring larvae in the wild, particularly from autumn spawning stocks. The use of
otolith microstructure to estimate absolute ages of slow-growing herring larvae may therefore lead to
significant underestimates of true age, even if SEM is used.
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undertaken before field material is examined. Such
experiments with herring have found that increments
apparently form at rates of less than 1 d–1 in slow-
growing larvae (Geffen 1982). This observation raised
serious concerns over the application of otolith micro-
increment analysis for age determination in herring
larvae. Morales-Nin (2000) suggested that inadequate
nutrition during these experiments was responsible,
but more recent trials by Folkvord et al. (2000) using
larvae reared on natural zooplankton, which should be
nutritionally adequate, have led to similar results.

An alternative explanation for apparent non-daily
deposition rates was provided by Campana et al.
(1987). In their hypothesis, non-daily deposition is ex-
plained by low somatic, and hence, low otolith growth
rates leading to the formation of daily increments that
are too fine to be resolved by light microscopy. Since
Geffen (1982) and Folkvord et al. (2000) used light
microscopy for increment enumeration, they may have
been under-counting increments that were actually
present in the otoliths of slow-growing larvae.

Whether we should always expect daily micro-
increment formation depends upon the metabolic mech-
anisms by which otoliths are formed. There are few such
mechanistic studies, particularly in larvae, and models of
otolith growth are still largely theoretical (Edeyer et al.
2000, Morales-Nin 2000, Payan et al. 2002). Such models
usually assume that growth increments form as a con-
sequence of fluctuations in the endolymph that favour
or inhibit the precipitation of calcium carbonate on
the otolith. These fluctuations are thought to become
entrained to external environmental cues (such as light
levels) early in life (Mugiya 1974, Mugiya et al. 1981,
Wright et al. 1992, Edeyer et al. 2000). However, otolith
growth is also controlled by the rate of synthesis of the
protein matrix that offers the sites for mineralisation
(Morales-Nin 2000, Tytler et al. 2002). Since the rate of
protein synthesis in the otolith is linked to growth and
metabolism, it is plausible that the formation of each
micro-increment may take longer in slow-growing fish.

The purpose of the present study was to rear herring
larvae at a range of growth rates and to study the
deposition frequency of the otolith micro-increments
using light and scanning electron microscopy (SEM).
Since the resolving power of SEM is around 4 nm,
narrow increments laid down during periods of slow
growth should be visible using this technique, even
when they cannot be resolved by light microscopy.

MATERIALS AND METHODS

Rearing of herring larvae. Gametes were collected
from mature Buchan stock herring and the fertilised
eggs were incubated at 10°C at the Large Scale Facility,

University of Bergen. On the day following the start of
hatching, 500 larvae were counted out into each of four,
500 l green fibreglass, square tanks. These were lo-
cated in a constant temperature room (10°C) equipped
with programmable fluorescent lighting (Lysstyr® sys-
tem) set to mimic the autumn light regime (Folkvord et
al. 2000). Each tank was continuously aerated to ensure
water mixing occurred. Fifty litres were siphoned from
the tank bottom every 3 d and replaced with fresh
seawater. In addition, 2 l of algae (Isochrysis and
Rhodomonas spp.) were added daily to condition the
water. From Day 3 onwards, larvae were fed natural
zooplankton which were collected at the Marine Bio-
logical Station, Espegrend, using a continuous filter
system (Unik Filter Systems). Initially, a size fraction of
90 to 250 µm was collected but the upper limit was in-
creased to 355 µm at 30 d post-hatching and to 500 µm
at 45 d post-hatching. Two rearing tanks (H1 and H2)
were assigned to high prey concentration (1000 prey l–l)
and two (L1 and L2) to low prey concentration
(100 prey l–1). Zooplankton levels were assessed each
morning by counting the number of edible prey items
in 5 replicate 8 or 240 ml samples taken from the high-
and low-prey rearing tanks, respectively, using a tube-
sampler. Sufficient stock zooplankton was then added
to return prey densities to the levels stated above.

Herring larval growth rates were assessed weekly by
randomly sampling 20 larvae from each tank using a
glass beaker. After collection the larvae were anaes-
thetised with MS-222 (Argent) and individual live-
standard lengths (distance from the tip of upper jaw to
a perpendicular at the end of the notochord) recorded
using an Olympus SZH10 microscope linked to an
interactive image analysis system (PISCES, Perceptive
Instruments). They were then rinsed in distilled water,
flash frozen in liquid nitrogen, and freeze-dried. Dry
weights were recorded using a Sartorius microbalance
(Sartorius). Mortality rates were assessed daily by
recording the numbers of dead larvae in the rearing
tanks or in siphoned bottom water.

Marking of otoliths. On the evenings corresponding
to 16 and 37 d post-hatch, the water levels in the tanks
were lowered, and alizarin-complexone solution (Sigma
Chemical) buffered with sodium hydroxide added to
give a final alizarin concentration of 100 mg l–1 (Iglesias
& Rodriguez-Ojea 1997). The following morning, the
alizarin was gently flushed from the rearing tanks by
raising and lowering the water level several times.
Normal rearing protocols were resumed by mid-day.

Preparation and examination of otoliths from lar-
vae using light microscopy and SEM. Rearing was ter-
minated on the morning of Day 51 post-hatch and all
remaining larvae were collected and stored in 90%
ethanol buffered with excess calcium carbonate. Later,
the standard lengths of preserved larvae were mea-
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sured and converted to equivalent live lengths using
the appropriate formula from Fox (1996). The sagittal
otoliths were then extracted from 20 randomly chosen
larvae per rearing tank using fine needles and a dis-
secting microscope equipped with polarised light.
Each otolith was individually mounted on a cover-slip
using an epoxy resin (Petropoxy 154, Palouse Petro
Products). The otoliths were then ground to the core
using graded aluminium oxide paper (Testbourne) and
finally polished using an aluminium-oxide block
(Evans Lapidary). Otoliths were then viewed using
transmitted light and ultra-violet epifluorescence on a
Leica DMR epifluorescence microscope equipped with
a 100 W mercury burner. Measurements of otolith
length and width, the size of the core and distance to
each alizarin mark along the major axis were recorded.
Increment counts were then undertaken in transmis-
sion mode using a ×100 oil-immersion objective select-
ing samples in random order. One micro-increment
was defined as the area from the beginning of one light
(L) zone to the beginning of the next (Tanaka et al.
1981, Campana & Neilson 1985, Secor et al. 1995).
According to Brothers (1981), Wright et al. (1992) and
Morales-Nin (2000), the L-zone is formed during the
active feeding period. Since herring feed predomi-
nantly during daylight (Blaxter 1965, Bainbridge &
Forsyth 1971, Blaxter & Hunter 1982, Fox et al. 1999),
we expect the L-zone to be deposited during the day
and the dark (D) zone at night (Fey 2002). Alizarin
would therefore be expected to become concentrated
in the calcium-carbonate rich L-zone formed during
the day following overnight marking. Despite being
rapidly flushed from the rearing tanks on the morning
following treatment, the alizarin marks in the otoliths
often spread over more than 1 increment. This may be
the result of continued deposition of alizarin from the
body tissues of the larvae, or  the depth-of-field result
of the optical microscope. We therefore assigned the
period of immersion as the first L-zone showing strong
fluorescence (moving from the otolith core to the
otolith edge). Assuming daily deposition of increments,
we would expect 21 increments between the first and
second alizarin marks, and 12 increments from the sec-
ond alizarin mark to the otolith edge (a complete incre-
ment would not form on the last day since larvae were
removed from the rearing tanks around midday). Each
otolith was initially read twice in random order by the
principal author. Data were then compiled and where
counts differed by more than 2 increments, the otolith
re-examined to try and resolve the difference.

After examination by optical microscopy, each oto-
lith was etched using 5% EDTA in preparation for
viewing by SEM1. Etching times varied from 30 s to
2 min. After rinsing in distilled water, samples were
desiccated for at least 24 h, mounted on SEM stubs,

gold sputter-coated and examined using a Jeol 5200
(Jeol) scanning electron microscope. The positions on
the SEM images corresponding to the alizarin marks
were determined by overlaying digital images from
the light microscope and SEM using Adobe Photoshop
9.0 (Adobe Systems). In most cases, alignment could be
achieved using marks on the otolith surface after scal-
ing of the images relative to calibrations made on the
SEM and optical systems. Each SEM image was exam-
ined by each of the authors, and a consensus increment
count for the regions between the core edge and
first alizarin mark, and between the first and second
alizarin marks, agreed.

RESULTS

Rearing conditions

Environmental conditions in the rearing tanks varied
little throughout the experiment. Daily temperature
averaged from 10.2 ± 0.1 to 10.4 ± 0.1°C (mean ±SD)
in the rearing tanks, and oxygen levels were generally
above 87% saturation. Prey densities (average concen-
tration before and after adjustment to nominal density)
were 64 ± 14 and 1025 ± 290 prey items l–1 in the low
and high concentration groups, respectively.

Larval survival and growth

Herring larval mortality rates over the 51 d rearing
period were low. A number of larvae in Tank L1 were
damaged when alizarin was being flushed from the
system during the initial marking. Excluding these,
and correcting for larvae sampled, overall survival
rates were 76% in H1, 82% in H2, 72% in L1 and
73% in L2. Applying ANOVA to the final measure-
ments from Day 51 confirmed that the different feed-
ing levels had a highly significant effect on the mean
standard length and dry weight of each larval group
(Flength = 36.1(76), p < 0.001; Fdry weight = 32.6(76), p <
0.001). Tukey’s post-hoc HSD indicated that after 51 d
of rearing, larvae fed 1000 prey l–1 were, on average,
significantly longer and heavier compared with lar-
vae fed 100 prey l–1 and that within-treatment differ-
ences were not significant (p > 0.05). It is also worth
noting that some individual larvae in the low prey
treatment were as large as larvae in the high prey
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1In addition to standard etching methods (5% EDTA), we
attempted proteinase-K etching as described by Shiao (1999)
and imaging of polished, un-etched otoliths using back-
scatter detection (Waldron & Gerneke 1997). However, these
methods did not produce improved results.
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treatment at the end of the experiment (Fig. 1). In
subsequent analyses, growth was treated as a contin-
uous variable on the assumption that length-increases
in individual larvae within each tank were linear.

Light microscope analyses of otoliths from 51 d old
larvae

Otoliths from larger larvae had clear increments from
close to the core boundary out to the otolith edge, with
increment widths increasing steadily (Fig. 2a). In con-
trast, otoliths from smaller larvae often showed less well-
defined increments of irregular widths (Fig. 2b). In ex-
treme cases, no clear increments were visible (Fig. 3). In
some otoliths, but not all, a check was apparent which
coincided with the position of the alizarin mark (Fig. 4).

The average major-axis diameter of the core of left
sagittae was 24.2 ± 2.8  µm (n = 42) and there was
no detectable difference between core diameters of
left and right sagittae (t-test dependent samples, t =
0.61(28), p = 0.54), nor was there any detectable effect of
feeding level or tank on this parameter (ANOVA, F =
0.57(3, 38), p = 0.63). Based on these measurements, we
assume that the core is equivalent to the hatch check
described by Campana & Moksness (1991), which was
termed the first check by Høie et al. (1999). Similarly
there were no detectable differences comparing the
major axis diameter of left and right otoliths (t-test
dependent samples, t = 0.54(72), p = 0.59). The alizarin
treatment resulted in identifiable fluorescent marks in
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Fig. 1. Clupea harengus. Changes in larval standard length
with time for each feeding treatment: H1 and H2 are tanks fed
at 1000 prey l–1; L1 and L2 are tanks fed at 100 prey l–1. 

Symbols indicate mean ± SD (n = 20 larvae per sample)

Fig. 3. Clupea harengus. Optical photomicrograph of sagittal
otolith from a very slow-growing, 51 d old larva showing the
lack of clear increments. The otolith is from a 14.6 mm long
larva from Tank L1 viewed using a ×100 PLAN APO oil-
immersion objective; in this case, only a single faint alizarin

band was visible (arrow)

Fig. 2. Clupea harengus. Optical photomicrographs of sagittal
otoliths from 51 d old herring larvae showing the visible fea-
tures and the fluorescent alizarin marks. (a) Otolith from a
25.3 mm long larva from Tank H1; (b) otolith from a 19.8 mm
long larva from Tank L1. Both images are overlaid composites
of 2 original images using a ×63 PLAN APO oil-immersion 

objective

a

b
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>95% of sagittae examined, although the marks
tended to be fainter in otoliths from smaller larvae.

There was no detectable difference in optical incre-
ment counts comparing left and right otoliths for
counts between the core edge and first alizarin mark
(t-test dependent samples, t = 0.71(64), p = 0.48), be-
tween the alizarin marks (t-test dependent samples, t =
1.82(62), p = 0.07), or from the second alizarin mark to
the otolith edge (t-test dependent samples, t = 0.36(64),
p = 0.72). Further analyses therefore use either the
counts on the right or left otolith.

Increment counts between the core edge and the
first alizarin mark ranged from 0 to 8 (Fig. 5). There
was a trend towards a greater number of increments

in this area in otoliths from larger larvae. Between the
2 alizarin marks there was a highly significant relation-
ship (F = 160.0(1, 74), p < 0.001) between the deposition
rate of increments and larval growth rate (assuming a
linear increase in individual length from hatching at an
average length of 8.01 ± 0.22 mm [n = 20]). Even in
individual larvae that had grown at the maximum
growth rate in this study, average increment deposi-
tion rates in this region of the otolith were non-daily
(Fig. 6a). A more constant rate of increment formation,
which accorded with daily deposition, was observed
in the area of the otolith deposited after the second
alizarin marking (Days 37 to 51) for individual larvae
with estimated growth rates higher than 0.25 mm d–1
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Fig. 5. Clupea harengus. Numbers of micro-increments deter-
mined by light microscopy between the edge of the core and
the first alizarin mark for otoliths from 51 d old herring. 
(●) larvae reared at 1000 prey l–1; (s) larvae reared at 100

prey l–1

Fig. 4. Clupea harengus. Optical photomicrograph of sagittal
otolith from a 51 d old herring larva showing a check coin-
cident with first alizarin mark. The otolith is from a 23.8 mm
long larva from Tank H1 viewed using a ×63 PLAN APO oil-

immersion objective

Fig. 6. Clupea harengus. Relationship between apparent micro-increment deposition rates determined by light microscopy and
the estimated growth rates in terms of larval standard length. (●) larvae reared at 1000 prey l–1; (s) larvae reared at 100 prey l–1.
Deposition rate of increments laid down (a) between the 2 alizarin marks, and (b) between the second alizarin mark and the outer

edge of the otolith

Alizarin

Alizarin

Check

Core
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(Fig. 6b). If the whole otolith is considered, increment
counts tended to stabilise when larval growth rates
exceeded 0.42 mm d–1, but the scatter of data about
the mean was up to ±10 increments (Fig. 7).

SEM analyses

The percentage of preparations yielding useable
SEM images was low (approx. 22%). Judgement of
image quality is necessarily subjective, but we
included criteria such as the presence of a clear
microstructure and resolution of individual crystals.

Otoliths from larger larvae were easier to prepare and
usually showed regular increments (Fig. 8). In contrast,
otoliths from smaller larvae often showed areas of
broad increments. In some cases these appeared to be
composed of partially merged finer increments (Fig. 9).
In otoliths from extremely small larvae, there were few

88

Fig. 7. Clupea harengus. Relationship between total incre-
ments, as determined by light microscopy, and estimated lar-
val growth rates. Dotted line indicates the expected number
of increments, assuming daily deposition and that the first 

increment is deposited at 16 d post-hatch 

Fig. 8. Clupea harengus. Scanning electron photomicrograph
of the sagittal otolith from 51 d old, 26.0 mm long larva from
Tank H1 viewed at ×1000 magnification. a: Positions coinci-
dent with the alizarin marks; ticks on radial line indicate 

positions of light (L) zones

Fig. 9. Clupea harengus. Scanning electron photomicrograph
of the sagittal otolith from 51 d old, 23.0 mm long larva 
from Tank L2 viewed at ×3500 magnification. (a) Positions
coincident with the alizarin marks; (b) area of regular incre-
ments; (c) broad increment, possibly formed by partial 

merging of several increments

Fig. 10. Clupea harengus. Scanning electron photomicro-
graph of the sagittal otolith from 51 d old, slow growing,
12.9 mm long larva from Tank L1. Left-hand side is ×2000
magnification scanning electron microscopy (SEM). a: Posi-
tions coincident with the alizarin marks. Right-hand side is
light microscopy image viewed using ×100 PLAN APO oil-

immersion objective
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clear increments, even outside of the second alizarin
marking (Fig. 10). Increment counts based on SEM
were significantly higher than from light microscopy
(Wilcoxon sign rank test(24), p = 0.033), but the average
difference was +2 and counts based on SEM still rarely
reached the expected level of 21 increments between
the alizarin marks, particularly in slow-growing larvae
(Fig. 11).

DISCUSSION 

In recent years, otolith microstructure has been
widely used to determine larval age, and thus, esti-
mate parameters such as growth rates and survivor
hatch-dates. The underlying assumption of the tech-
nique is that identifiable structures in the otolith are
produced on a daily basis. Because of difficulties in dif-
ferentiating daily and non-daily increments, it is advis-
able to carry out validation studies before the tech-
nique is applied to field-caught material. A variety of
validation methods are available and are described by
Geffen (1987, 1992).

Using such methods, Campana & Moksness (1991)
and Moksness (1992) reported successful validation
of micro-increment formation in Norwegian spring-
spawned herring larvae reared in mesocosms. How-
ever, larvae in both these studies were growing at
reasonably high rates of ca. 0.37 mm d–1 (recalculated
from figures in the cited papers for a period of 16 to

51 d post-hatch). In addition, the latter study revealed
a large reader-dependent variation in increment
counts, implying difficulty in the interpretation of the
microstructures. Daily increment deposition has also
been reported for 2 cohorts of field-caught Pacific her-
ring larvae by McGurk (1987), but non-daily formation
was observed in a third cohort whose growth was
coincident with a period of low water temperature.

A number of publications have reported apparent
increment deposition rates of less than 1 d–1 in herring
larvae, a phenomenon often associated with low
growth rates (Table 1). Using laboratory- and meso-
cosm-reared material, Geffen (1982) reported that the
rates of increment formation were related to larval
growth rates. Daily deposition only occurred if larval
growth rates exceeded 0.4 mm d–1. Similar results have
since been reported by McGurk (1983) and Folkvord et
al. (2000). Results from these studies have been criti-
cised on the grounds that the otoliths were not ground
and polished before examination (Campana & Neilson
1985). However, our results using ground and polished
otoliths appear fully consistent with those previously
reported by Geffen (1982), McGurk (1983), Folkvord
et al. (2000) and Feet et al. (2002).

The occurrence of non-daily increment deposition in
otoliths does appear to be species-specific (Table 1).
Those species with relatively slow-growing larvae and
long yolk-sac periods appear to present particular
problems (Campana et al. 1987, Jones & Brothers
1987). In contrast, increment deposition rates in larval
cod Gadus morhua appeared to be daily, even under
reduced growth conditions (Geffen 1995).

Otolith increment analyses — light microscopy

The problem of reconciling optical increment counts
with known age can be split into 2 parts. Firstly, the
period when growth is dependent upon yolk reserves,
and secondly, during post yolk-sac growth. In the first
period, increment formation may be free-running
before becoming entrained to daily signals related to
patterns in feeding and metabolism (Geffen 1982,
Morales-Nin 2000). Lough et al. (1982) reported that
the first 3 increments in larval herring were not
deposited daily and that their formation spanned a
period of 8 to 10 d post-hatch. The formation of the first
clear increment in herring larvae is thought to coincide
with the onset of feeding, around the completion of
yolk-sac absorption (Geffen 1982, Høie et al. 1999).
Assuming subsequent daily increment formation, it
has become common practice to add a constant num-
ber of days to optical increment counts to estimate true
age (for example, the addition of 10 d for Norwegian
spring-spawned herring, Moksness 1992; 12 d for
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Fig. 11. Clupea harengus. Comparison of the number of incre-
ments between the alizarin marks determined from scanning
electron microscopy (SEM) images and the number of incre-
ments counted using light microscopy from individual sagit-
tae. Solid circles represent: sagittae from larvae reared at
1200 prey l–1 and open circles; o: sagittae from larvae reared
at 100 prey l–1; the dashed lines are the expected number of

increments assuming daily deposition.
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Baltic herring, Arrhenius & Hansson 1996; and 19 d for
Georges Bank herring, Bolz & Burns 1996). Whilst this
may increase the accuracy of age estimates, it will not
necessarily improve precision, since there is likely to
be variability in the timing of the onset of feeding
between individual larvae (Blaxter & Hempel 1966).
Indeed, the present study showed that by the time
yolk-sac absorption was completed (16 d post-hatch),
the otoliths contained a variable number of increments
(from 0 to 8), with a tendency for higher numbers of
increments to be present in larvae reared at higher
prey densities (as demonstrated by counts between the
core edge and the first alizarin mark). This suggests
that early feeding success has a rapid impact on
somatic and otolith growth and influences the timing
of formation of the first increment.

Geffen (1982) suggested that it might be possible
to distinguish increments formed prior to yolk-sac
absorption from those formed after this event, and
that a heavy check could be identified corresponding
to the completion of yolk-sac absorption. Unfortu-
nately we could not unambiguously identify such a

check in the majority of otoliths from the present
experiment. In some otoliths, a check was apparent
which coincided with the first alizarin mark, but it
was not possible to say whether this was related to
the completion of yolk-sac absorption or caused by a
temporary reduction in growth due to the alizarin
immersion.

In the period following yolk-sac absorption, optically
determined micro-increment deposition rates were
clearly related to growth rates. Daily rates of deposi-
tion over the whole study period were predicted only
for larvae growing above 0.42 mm d–1, a critical point
which is in good agreement with Geffen (1982) and
Folkvord et al. (2000). These findings are, of course,
only of importance to field studies if growth rates lower
than this occur in the wild. Although average cohort
growth rates in the wild do not precisely reflect indi-
vidual growth rates (because of size-selective mortality
and individual variability), published data do indi-
cate that growth rates of less than 0.2 mm d–1 are not
uncommon, particularly for autumn-spawned herring
larvae (Table 2).
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Table 1. Effects of slow growth on micro-increment formation rates in the otoliths of larval fish. SEM: scanning electron microscopy

Source Species Rearing Independent Observation Observations of rate of increment formation
condition age criteria method

Laroche et al. Parophrys vetulus Laboratory Known age Optical Non-daily in proportion to larval size
(1982) 

Geffen (1982) Clupea harengus Laboratory and Known age Optical Non-daily in larvae growing at <0.4 mm d–1

mesocosm

Geffen (1982) Scophthalmus Laboratory Known age Optical Non-daily in larvae growing at <0.3 mm d–1

maximus

McGurk (1983) Clupea harengus Laboratory Known age Optical Non-daily in larvae growing at <0.4 mm d–1

pallasi

McGurk (1987) Clupea harengus Field sampled Length-frequency Optical Non-daily in third cohort of larvae
pallasi analysis coincident with period of low water

temperature

Jones & Morone saxatilis Laboratory Known age Optical Non-daily during periods of starvation;
Brothers (1987) SEM fine increments visible using SEM

Bailey & Stehr Theragra Laboratory Known age Optical Non-daily in larvae fed low ration
(1988) chalcogramma

Lagardere Solea solea Laboratory Known age Optical Low-contrast increments formed when
(1989) starved for up to 5 d, but deposition rate not

significantly different from 1 d–1

Szedlmayer & Paralichthys Laboratory Known age Optical Non-daily during first 47 d post-hatch when
Able (1992) dentatus SEM growth rate was around 0.1 mm d–1; no

significant difference between optical and
SEM increment counts (n = 20)

Casas (1998) Pleuronectes Mesocosm Known age Optical Non-daily in slow-growing larvae in cold
americanus water

Folkvord et al. Clupea harengus Laboratory Known age Optical Non-daily in periods of slow growth due to
(2000) restricted feeding

Feet et al. (2002) Clupea harengus Mesocosm Known age Optical Non-daily in slow growing, spring spawned
larvae reared under low prey densities
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Otolith increment analyses — SEM

Results showing fewer than expected increments in
known age samples can be reconciled with a daily
deposition rate if one assumes that the increments are
actually present but are too narrow to be resolved with
the light microscope (Campana et al. 1987). Theoreti-
cal considerations suggest that resolution limits for
standard optical microscopy will be around 0.3 µm.
However, using SEM (with a resolution limit of ca.
4 nm) we were unable to produce strong support for
this argument. Although increment counts from SEM
images were slightly higher than optical counts, we
could not identify enough ‘missing’ increments in the
otoliths of slow-growing larvae. Rather than simply

affecting increment width alone, reduced growth rates
appeared to lead to changes in otolith structure. In
some cases, increments became merged to form solid
calcium-carbonate-rich zones which appear as raised
areas in EDTA-etched otoliths (Jones & Brothers 1987),
whilst in very slow-growing larvae, regular increment
formation appeared to become completely disrupted. It
has been suggested that the presence of a disrupted
crystal structure and irregular or narrow (<1 µm) incre-
ments could be used to identify slow-growing larvae in
field samples (Folkvord et al. 2000, Feet et al. 2002).
However, discarding these individuals will potentially
bias population estimates of age, growth and mortality,
and it is not always possible to unequivocally identify
otoliths of slow-growing larvae from their appearance.
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Table 2. Clupea harengus. Growth rates for post yolk-sac herring larvae from field studies. Studies using otolith micro-increment ageing were
excluded, cited growth rates are from length-frequency analyses. Analysis method may vary with source (some studies analysed modal

lengths, others mean lengths, etc.)

Source Location Spawning Growth rate Age Notes
season (mm d–1) (d post-hatch)

Marshall et al. (1937) Clyde, Scotland Spring 0.43 10–80 —

Henderson et al. (1984) Blackwater Estuary, Spring 0.43 28–50 Growth was slower for yolk-sac larvae
Essex, UK

Jean (1956) Bay of Chaleur, Spring 0.43 10–70 Based on maximum size of larvae at
Québec each sampling

Bowers (1952) Irish Sea Autumn 0.16 23–210 Evidence of slower growth over
winter months

Jean (1956) Bay of Chaleur, Autumn 0.17 40–200 Based on maximum size of larvae at 
Québec each sampling

Tibbo et al. (1958) Georges Bank, Autumn 0.23 30–160 Evidence of slower growth in winter,
Gulf of Maine quoted rate estimated from Fig. 8 in

Tibbo et al. (1958), assuming linear
growth

Das (1968) Bay of Fundy Autumn 0.14 0–305 Growth slowed in winter, quoted
Das (1972) values estimated from Fig. 25 in

Das (1968), assuming linear growth;
same data are presented in Das (1972)

Sameoto (1972) Nova Scotian Autumn 0.14 0–247 Growth slightly non-linear, quoted
coast rates refitted to data from Fig. 3 in

Sameoto (1972), assuming linear
growth

Boyar et al. (1973) Georges Bank, Autumn 0.14 <215 Growth rate estimated from Fig. 7 in
Gulf of Maine Boyar et al. (1973)

Wood & Burd (1976) Central North Sea Autumn 0.16–0.24 0–50 —

Nichols et al. (1985) Central North Sea Autumn 0.13–0.24 Not reported Quoted lengths suggest larvae were
at post yolk-sac stage

Graham & Townsend Sullivan Harbour, Autumn 0.18 60–90 Growth rate estimated from increase 
(1985) Maine in cohort length mode

Graham & Townsend Sheepscot Estuary, Autumn 0.36 60–90 Growth rate estimated from increase 
(1985) Maine in cohort length mode

Munk et al. (1986) NW North Sea Autumn 0.14–0.25 Not reported —

Heath & Rankine (1988) Northern North Sea Autumn 0.23–0.35 9–14 Both cohorts at post yolk-sac stage

Munk & Christensen Central North Sea Autumn 0.13–0.37 <180 Includes larvae and juveniles
(1990)
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In the present study, we decided to examine incre-
ment deposition between 2 known age-marks since it
is often difficult to obtain a perfectly flat section from
the core right out to the otolith edge (necessary for
SEM), and the timing of deposition of the first incre-
ment is uncertain (Neilson 1992). Our approach could
be criticised on 2 counts. Firstly, the process of aliza-
rin marking may itself be stressful to the larvae and
generate checks in the otolith (Geffen 1987). Our
observations suggest that this probably did occur in
some of the larvae as a result of reduced feeding suc-
cess whilst the alizarin was being flushed from the
rearing tanks. Secondly, our method requires accurate
alignment of the SEM image with alizarin marks from
a separate optical image. We acknowledge that this
process may have introduced some uncertainty into
the SEM increment counts, especially as the fluores-
cence from the alizarin was not confined to a single
incremental zone. Incorporation of a chemical directly
visible by SEM would reduce the amount of image
manipulation required. Although statoliths of squid
Illex illecebrosus and otoliths of salmon fry Onco-
rhynchus keta have been successfully marked using
strontium, which can be detected by back-scatter
SEM (Hurley et al. 1984, Schroder et al. 1994), it
remains unclear whether sufficient strontium can be
introduced into the otoliths of small fish larvae (Cam-
pana & Neilson 1985).

In order to improve the statistical analysis, we
would have liked to achieve a much higher success
rate with SEM preparation, particularly of the smaller
otoliths from slow-growing larvae. Several workers
have commented on the time-consuming nature of
otolith preparation for SEM, and the generally low
success rates achieved (Campana et al. 1987, Jones
& Brothers 1987, Bailey & Stehr 1988, Waldron &
Gerneke 1997). Few studies have managed to pro-
duce sufficient SEM images to allow any statistical
comparison with counts from light microscopy (al-
though see Szedlmayer & Able 1992) and any techni-
cal advances to improve preparation of larval oto-
liths for SEM would greatly facilitate future validation
studies.

As a final caution, it has been reported that micro-
increments in otoliths from laboratory-reared larvae
may be fainter and less regular than those from wild-
caught specimens (Brothers 1981, Campana & Neilson
1985, Campana & Moksness 1991). It has been sug-
gested that this is caused by a lack of diurnal tem-
perature fluctuations in most laboratory-based rearing
experiments. Given the importance of the otolith micro-
increment technique in early life-history studies, the
next step should be to test the present results using
herring larvae reared under more natural conditions,
for example in outdoor mesocosms.

CONCLUSION

Analysis of ground and polished otoliths from her-
ring larvae using light microscopy demonstrated non-
daily rates of micro-increment formation in larvae
growing at less than 0.42 mm d–1 in the period from
hatch to 51 d old, and in those growing at less than
0.25 mm d–1 from Day 37 to 51. Examination of the
otoliths by SEM failed to provide convincing evi-
dence that this was due to the deposition of incre-
ments that were too fine to be resolved by light
microscopy. Rather, the SEM results suggested that
the crystal structure often becomes irregular and that
the incremental structure is disrupted in otoliths from
slow-growing, laboratory-reared larvae. Growth rates
of larvae showing non-daily increment formation in
the present study were within the range of length-
based growth estimates from autumn-spawned her-
ring larvae in the wild. These results imply that the
use of otolith micro-increment counts to estimate the
age of slow-growing herring larvae may lead to
considerable under-estimates of true age, even if
SEM is used.
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